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ABSTRACT
Foodborne infections are of public health importance and deeply impact the global economy. Consumption of bivalve
mollusks generates risk for humans because these filtering aquatic invertebrates often concentrate microbial pathogens from their
environment. Among them, Giardia, Cryptosporidium, and Toxoplasma are major parasites of humans and animals that may
retain their infectivity in raw or undercooked mollusks. This review aims to detail current and future tools and methods for
ascertaining the load and potential infectivity of these parasites in marine bivalve mollusks, including sampling strategies,
parasite extraction procedures, and their characterization by using microscopy and/or molecular techniques. Method
standardization should lead to better risk assessment of mollusks as a source of these major environmental parasitic pathogens
and to the development of safety regulations, similar to those existing for bacterial and viral pathogens encountered in the same
mollusk species.

Marine filter-feeding mollusks, such as clams, cockles,
mussels, and oysters, concentrate in their tissues numerous
harmful chemical and microbial contaminants from the
water in which they grow (46). Most of the microbial
pathogens accumulated by the mollusks are bacteria, mainly
Salmonella, Campylobacter, Shigella, and Vibrio species,
and the enteric viruses hepatitis A and norovirus (28, 56).
These microorganisms enter the marine ecosystem via
agricultural runoffs or sewage discharges, and they may be
of human or animal origin. People eating raw or lightly
cooked contaminated mollusks are particularly at risk for
gastroenteritic diseases. The public health impact is
potentially high; the consumption of marine mollusks in
2008 was estimated to be approximately 2.5 kg per capita,
based on a global production of 13 million tons (28). The
increasing trade of edible mollusks worldwide has been
accompanied by increasing concern in the aquaculture and
fishery sectors about mollusk safety requirements, to
prevent any microbial transmission to consumers.
Besides viruses and bacteria, marine mollusks may also
retain cysts and oocysts of the protozoan parasites Giardia
intestinalis, Cryptosporidium spp., and Toxoplasma gondii
(74). Giardia and Cryptosporidium are enteric parasites of
humans and of domestic and wild mammals (87, 88). Their
cysts and oocysts are usually excreted in high quantities in
the infected hosts’ feces (e.g., up to 109 Cryptosporidium
oocysts per g of calf feces) and are immediately infective
* Author for correspondence. Tel: z33 491 835 544; Fax: z33 491 835
537; E-mail: aurelien.dumetre@univ-amu.fr.

upon ingestion by a new host. In contrast, oocysts of the
coccidian parasite Toxoplasma gondii are shed exclusively
in the feces of cats and wild felids (18). One infected cat can
excrete millions of oocysts shortly after infection (9).
Freshly excreted oocysts have to complete a sporulation
process to become infective for humans and other warmblooded animals. Giardia cysts and Cryptospiridium and
Toxoplasma oocysts may be encountered in different
terrestrial and aquatic ecosystems, including estuarine and
marine waters, where they are able to survive for months,
depending on temperature, sunlight exposure, hygrometry,
and salinity conditions (21).
Human infection may be caused by a small number of
parasites (,50 cysts or oocysts) present in inadequately
treated drinking water or in food, including raw or
undercooked oysters, clams, and mussels (51, 77, 87, 88).
The resulting infections are among the most prevalent
infectious diseases for humans worldwide. Giardia and
Cryptosporidium infections cause mild to severe recurrent
enteric diarrhea (8, 88), whereas Toxoplasma infections may
lead to life-threatening ocular, cerebral, or multivisceral
complications, especially in congenitally infected infants
and in immunocompromised people (76).
Mollusk contamination by such pathogenic protozoa
represents a new challenge for public health authorities.
Mollusks growing in coastal aquaculture farms are particularly at risk of contamination by protozoan cysts and
oocysts that enter the marine ecosystems with agricultural
runoffs and sewage discharges (37, 75). In contrast with
bacteria and viruses, Giardia cysts and Cryptosporidium
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and Toxoplasma oocysts do not multiply in the mollusks;
therefore, the parasite loads in mollusk tissue are usually
considered to be low (77). In this context, detecting and
characterizing these pathogens in marine mollusks requires
specific and sensitive methods that differ from those
commonly used to detect bacteria or viruses (56, 72).
Here, we review the occurrence of Giardia, Cryptosporidium, and Toxoplasma parasites in naturally contaminated marine mollusks and detail the different tools and
methods that are available to detect and characterize such
parasites in these aquatic invertebrates.

The natural contamination of marine mollusks by these
parasites is closely associated to the capacity of their cysts
and oocysts to survive the saline conditions encountered in
estuarine and coastal marine waters. Cryptosporidium
oocysts entering marine waters may survive for 1 year in
seawater at 6 to 8uC (19); however, an increasing salinity is
deleterious to the parasites. Indeed, oocysts suspended in
water at salinity of 20 and 30 ppt at 20uC retain their
infectivity for 8 and 4 weeks, respectively (23). Toxoplasma
oocysts can sporulate in seawater at salinities of 15 and 32 ppt
at 24uC (59). Experimentally, sporulated Toxoplasma oocysts
retain their infectivity for 15 and 54 months in fresh water at
20 to 25uC and 4uC, respectively (13), and at least 6 months
in seawater at 15 ppt at the same temperatures (59).
In the last 15 years, Giardia and Cryptosporidium
parasites have been detected on many occasions in naturally
contaminated mollusks from different areas worldwide. In
North America, ,80% of oysters and mussels from the
Chesapeake Bay (United States) are contaminated by
Cryptosporidium (23, 24, 26, 42–44). Fayer et al. (25)
collected 925 mollusks from 37 coastal sites from Maine to
Florida in the United States and detected Cryptosporidium
oocysts in 3.7% of the mollusks. In the Nunavik Region in
Quebec, Canada, Giardia and Cryptosporidium were
detected in 18 and 73%, respectively, of Mytilus edulis
mussels sampled between 2004 and 2007 (56). In Europe,
numerous studies have also provided very interesting
insights on the protozoal contamination of different species
of clams (Corbicula fluminea, Dosinia exoleta, Ruditapes
philippinarum, Venerupis pullastra, Venerupis rhomboideus, Venus verrucosa), mussels (Mytilus galloprovincialis),
and oysters (Ostrea edulis). The prevalence of Cryptosporidium in several shellfish species is 29 to 56% in Spain (31,
35, 38, 39), 33.3% in Portugal (67), and 11% in the United
Kingdom (35). Cryptosporidium and Giardia parasites have
been detected in approximately 13% of oysters in The
Netherlands (81) and 40 to 50% in Norway (78). These two
parasites have also been detected on rare occasions in edible
mollusks in Asia (84) and Africa (73).
Some authors have estimated the concentration of
Giardia cysts or Cryptosporidium oocysts in mollusk
tissues. Under natural conditions, Ischadium recurvum
mussels from the Chesapeake Bay have been found to

concentrate up to 57 Cryptosporidium oocysts per g of
tissue (26). A load of 103 Cryptosporidium oocysts per
mollusk has been estimated in Mytilus galloprovincialis
mussels and Cerastoderma edule cockles sampled near
coastal grazing areas in Spain (34). In Canada, Graczyk et al.
(44) estimated a load of 129 Cryptosporidium oocysts per g
of mussel tissue, based on experimental contaminations of
fresh zebra mussels (Dreissena polymorpha). In Brazil,
along the coast of the Sao Paulo state, Guiguet Leal et al.
(47) detected 12 and 60 oocysts of Cryptosporidium per
oyster and cockle, respectively. Elsewhere, one to two
oocysts per g of clam tissues were detected in Italy (33),
whereas three to six Giardia cysts per g were recorded in D.
polymorpha mussels in Ireland (40). The very same
concentrations have been found in three mussel species
from different sites in Ireland (62). In a coastal region of
northwestern France, high Cryptosporidium concentrations
in mollusks have been associated with winter rainfalls (57).
Few investigators have attempted to detect Toxoplasma
oocysts in naturally contaminated marine mollusks (20, 56,
68, 75). Toxoplasma DNA was found in one of 1,396
mussels from California (68), in 3.3% of oysters from Brazil
(20), and in different pools of clams and oysters from Italy
(75). The development of more specific and sensitive
methods targeting Toxoplasma oocysts should help clarify
the extent of mollusk contamination by this parasite.
DETECTION AND CHARACTERIZATION
OF PROTOZOAN PATHOGENS IN MOLLUSKS:
THE TOOLBOX
Sampling strategy. A review of the literature indicates
that mollusks are usually sampled in coastal areas that are at
risk of microbial pollution due to agricultural or sewage
runoffs. However, notable discrepancies have been reported
among studies focusing on the same mollusk species
because the probability for a mollusk to trap at least one
protozoan cyst or oocyst is multifactorial. This depends on
the volume, nature, and contamination levels of effluents
discharged in the receiving marine waters, the kinetics of
parasite diffusion in the marine environment, and the
filtering activity of the mollusk (11, 80). This latter process
is species dependent. It is affected by physical and chemical
stressors from the environment, which include variations in
salinity, temperature, and the amount of oxygen dissolved in
water (42). In particular, the filtering activity of mollusks
growing in coastal marine areas that receive fresh water may
be affected, due to variations of salinity, in comparison with
mollusks from coastal areas that exhibit more stable salinity
conditions over time (11). Similar adaptations may also
arise when mollusks are newly introduced to an area where
physicochemical conditions are not optimal for filter
feeding. Filtering activity also depends on the quantity
and nature of food particles and also on how this activity is
measured (52, 86). Filtering activities measured in laboratory-raised mollusks are usually 50% higher than activities
recorded under natural conditions (11).
Taken as a whole, these parameters suggest that
sampling strategy has to focus on a small set of (edible)
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mollusk species raised and harvested under controlled
conditions rather than on a larger but more heterogeneous
and qualitative sampling, in order to better ascertain the load
and infectivity of parasites in contaminated mollusks.

Parasite separation from the mollusk fluids or
tissues. Hemolymph is usually analyzed directly, without
any preliminary separation step (23, 32, 33, 42, 44, 89).
Alternatively, hemolymph may be concentrated by centrifugation and then floated on a sucrose-dense solution to
separate oocysts and cysts from other elements (71, 75).
This procedure is sometimes required to remove hemocytes
from the samples because the fluorescence background of
hemocytes may hamper the specific detection of cysts and
oocysts by immunofluorescence techniques (69).
The organs are typically homogenated in a saline buffer
(e.g., phosphate-buffered saline [PBS]) by using a PotterElvehjem tissue grinder or a pulse-matic blender. Additionally, samples can be sieved at 45 to 150 mm to remove large
aggregates (56). Homogenates are then often mixed with
PBS and diethyl ether (at a 2:1 ratio) in order to remove
lipid materials from the samples (12, 31, 35, 36, 39, 47, 55,
84). Samples may be further purified by flotation on
continuous or discontinuous gradients of sucrose (33, 57,
67, 71, 75, 89) or cesium chloride (40, 42, 63, 67) solutions.
Cesium chloride solutions tend to be less viscous than
sucrose solutions, at the same density, allowing better
parasite recovery (15). However, in both flotation methods,
other particles and debris exhibiting the same density as the
target parasites may be coextracted. Moreover, if a small
number of cysts or oocysts are present initially in the
sample, they will more likely be lost following flotation.
Immunomagnetic separation (IMS) techniques appear
attractive for a more specific and sensitive separation of the
cysts or oocysts from mollusk tissues. Although used for
several years to detect foodborne and waterborne microbial
pathogens (79), IMS is a relatively new separation technique
applied to the isolation of pathogenic protozoa in mollusk
shellfish. IMS consists of an interaction between magnetic
beads coated with antibodies specific to the target cyst or
oocyst and the corresponding antigen present at the parasite
surface. The newly formed bead-parasite complexes are then
separated from undesirable particles and debris by using an
appropriate magnet. Parasites are subsequently eluted from
the beads by incubating them in an acid solution, prior to
concentration, and are then characterized using microscopy
or molecular techniques. A few commercial IMS isolation
kits allow the isolation of Giardia cysts and/or Cryptosporidium oocysts in water (49, 66); however, these kits have
been designed to separate cysts and oocysts from water, not
from mollusk tissues. The development of several IMS
techniques targeting Toxoplasma oocysts is more recent (16,
17). However, these techniques require several validation
steps for further applications to water and food samples.
IMS may be run directly on mollusk body fluids that
contain small amounts of debris and aggregates. In contrast,
processing tissue homogenates for IMS requires a prepurification step by flotation, but not by diethyl ether mixing, to
remove most of the unwanted particles from the mollusk
body (12, 57) or by pepsin digestion in order to obtain a less
complex matrix on whole-tissue homogenates (78). Such
prepurification steps seem not to affect the recovery rate of
the parasites following IMS. Selecting the most suitable
mollusk organs for IMS purposes is a delicate task.
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Which species and which tissues to analyze?
Mussels, clams, and oysters are the target species because
they are the most consumed mollusk species worldwide. A
nonexhaustive list includes (i) the Mediterranean mussel
(Mytilus galloprovincialis) (31, 32, 34, 35, 37–39, 75), and
the common blue mussel (Mytilus edulis) (6, 56, 57, 61, 62,
78); (ii) the Japanese carpet shell (Ruditapes philippinarum)
(31, 35, 55, 71), rayed artemis (Dosinia exoleta) (31, 35,
55), pullet carpet shell (Venus pullastra) (31, 35, 55), warty
venus (Venus verrucosa) (31, 35, 55), and banded carpet
shell (Venerupis rhomboides) (31, 35, 55); and (iii) the
Eastern cupped oyster (Crassostrea virginica) (23, 26, 43)
and the European flat oyster (Ostrea edulis) (31, 35, 55, 78).
There are additional advantages in working on most of these
species in the laboratory because they are relatively cheap
and easy to culture for experimental purposes.
Transport and outcome of Giardia, Cryptosporidium,
and Toxoplasma parasites in mollusks have been investigated experimentally by collecting different mollusk tissues
(gills, digestive tract) and fluids (hemolymph, intervalvar
water) a few hours to several days postinfection. Overall,
studies indicate that the hemolymph, gills, and digestive
tract, where the parasites concentrate, are the most relevant
organs in which to ascertain the level of contamination of
the mollusks (Table 1). Occurrence of parasites in the
intervalvar water is considered to be unspecific when
parasites are absent from the mollusk body (57).
Hemolymph functions in mollusks include oxygen and
nutrient transport, waste excretion, and immune defense.
Hemolymph is usually recovered from the mollusk by gentle
aspiration through a hypodermic needle. Hemocytes, which
float freely in the hemolymph, may ingest up to 1.8 | 106
oocysts of Cryptosporidium per ml of hemolymph by
phagocytosis (23, 26, 33, 40, 41, 43, 71, 89). However,
hemocytes tend to internalize nonviable parasites rather than
viable ones. Nonviable parasites remain located in soft tissues
of the mollusks for at least a week following infection (12,
41). In contrast, Arkush et al. (1) have shown that Toxoplasma
oocysts are more numerous in gills than in hemolymph and
digestive glands in the first hours postinfection, whereas
digestive glands concentrate most of the oocysts 3 days
postinfection (run with 103 to 105 oocysts per liter).
Gills retain particles, including cysts and oocysts, by
filtering; however, these parasitic elements do not seem to
adhere firmly and can pass rapidly into the digestive tract
(57). The parasites concentrate in the stomach and intestine
prior to excretion, as described in Crassostrea virginica
oysters (22). Pooling the gills and digestive tract optimizes
parasite detection in mussels (31, 35, 37–39, 47, 55, 67, 81,
84) and clams (31, 35, 55, 67).
An alternative strategy consists in homogenating whole
mollusk tissues (6, 20, 56, 61, 62, 78). However, this
procedure results in complex dense tissue matrix, making
downstream analyzes hard to perform.
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Co, cockles; Oy, oysters; Mu, mussels; Cl, clams; CsCl, cesium chloride; ND, not done; HBSS, Hanks’ balanced salt solution; IFA, immunofluorescence assay; RT-PCR, reverse transcription PCR;
FISH, fluorescence in situ hybridization; C, Cryptosporidium; T, Toxoplasma; G, Giardia.
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TABLE 1. Detection and characterization of Cryptosporidium, Giardia, and Toxoplasma parasites in naturally contaminated bivalve mollusks a
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Parasite identification by microscopy. The microscopic identification of Giardia and Cryptosporidium
parasites is typically achieved by immunofluorescence
assay (IFA) using monoclonal antibodies specific to the
cyst or oocyst wall (31). IFA is usually performed on airdried parasite suspensions on slides, an immobilization
procedure that allows subsequent incubations with ad hoc
fluorochrome-conjugated monoclonal antibodies and washing buffers. Fluorescent elements are then visualized by using
an epifluorescence microscope equipped with appropriate
excitation and emission filters. Fluorescein isothiocyanate,
which brightly fluoresces in green, is still the most popular
fluorochrome for IFA applications. Parasite identification is
based on the size, shape, and fluorescence pattern of the
visualized elements that are compatible with those of the
target cysts or oocysts (42). Ovoid elements 8 to 12 mm in size
are considered as cysts of Giardia, whereas circular bodies
4.2 to 6.0 mm in diameter are identified as Cryptosporidium
oocysts (23, 84). In contrast, IFA is not routinely used to
detect the oocysts of Toxoplasma, due to the lack of specific
monoclonal antibodies targeting the oocyst wall (16, 17).
Alternatively, Toxoplasma oocysts may be analyzed according to their natural blue fluorescence under UV excitation
(58). Elements 11 by 13 mm in size with sporocyst-like
structures harboring banana-shaped sporozoites may indicate
sporulated oocysts of Toxoplasma; however, Hammondia
and Neospora oocysts exhibit the same size, structure, and
autofluorescence pattern (17, 58).
A major limitation of IFA is the lack of discrimination
in the different species of Cryptosporidium parasites found in
the mollusks. This is of primary importance since not all
Cryptosporidium species are pathogenic for humans, and some
have distinct animal and/or human reservoirs (42). Moreover,
another drawback of this technique lies in the possible
identification of empty (i.e., nonviable) parasites by IFA. To
circumvent this problem, several DNA or RNA binding
fluorogenic probes have been gradually introduced over the
past 20 years as an adjunct to IFA techniques (45) (see below).
Parasite characterization by PCR. Due to their
highest specificity and sensitivity (one Cryptosporidium

oocyst per ml of hemolymph), PCR techniques tend to
supplant IFA for detecting parasitic pathogens in complex
matrices like mollusks tissues (39, 70). At the same time,
these techniques may give valuable information on the
species and genotype of the detected parasites. In the food
microbiology field, PCR success depends especially on the
quality of the extracted nucleic acids (64).
DNA and RNA are difficult to extract from encysted
Giardia, Cryptoporidium, and Toxoplasma parasites because of the resistance of their walls to proteinase K, a
proteolytic agent commonly found in DNA and RNA
extracting procedures. Therefore, nucleic acid extraction
first requires repeated freeze-thaw cycles of small volumes
of parasite suspensions (,200 to 500 ml) to open the cyst or
oocyst wall (20, 24–26, 56, 61, 70). Alternatively, minibead beaters containing glass or silica microbeads are used
to efficiently break the cyst-oocyst wall (34, 39). Then,
enzymatic degradation and DNA purification steps often
follow more standard protocols (33, 56, 67, 70, 89). Nucleic
acid extraction kits for tissues, stools, or soilborne
microorganisms are very popular and seem to have
supplanted the traditional phenol-chlorofom method (24–
26, 33, 56, 67, 70, 89). DNA and RNA solutions may,
however, contain PCR inhibitors coming from mollusk
tissue components (54). These compounds are usually
coextracted during the flotation or the nucleic acid
extraction steps. Along with IMS, adding polyvinylpyrrolidone or bovine serum albumin to the PCR mix may
also help to remove most of these inhibitors (61, 90).
The most common PCR targets of the Giardia cysts
(beta-giardin) and the Cryptosporidium (COWP) and
Toxoplasma oocysts (B1) can be amplified by different
PCR, nested-PCR, or real-time PCR techniques, in simplex
or multiplex formats (24–26, 35, 55, 68). Additionally,
parasite species and genotypes may be identified on the
basis of DNA sequence polymorphism by PCR–restriction
fragment length polymorphism analysis (25, 39, 68),
microsatellite analyses (55), or sequencing (20, 68). Such
complementary investigations are particularly useful to
better identify the origin of the contamination. Indeed,
several Cryptosporidium species have been identified in
naturally contaminated mussels and oysters from different
areas: C. baileyi, C. hominis, C. meleagridis, C. muris, and
C. parvum (24–26, 33, 35, 39, 44, 55, 57, 61, 71, 89). In
contrast, Giardia intestinalis consists of eight morphologically identical but genetically distinct genotypes or
assemblages, designated A to H. Assemblages A and B
can infect humans and other mammals, whereas assemblages C to H appear to be host specific (53). Giardia parasites
of assemblages A and B have been identified in naturally
contaminated mollusks. Toxoplasma DNA has been detected in mussels from California and characterized as a new
genotype, called type X (68), which differs from the three
main genotypes of the parasite (92).
Molecular techniques offer multiple advantages over
fluorescence microscopy. Besides their higher specificity
and sensitivity, PCR techniques are faster and cheaper and
can be performed on fresh or frozen mollusk tissues;
however, they may be less sensitive on formalin-fixed
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Hemolymph is not recommended since hemocytes may
adhere along the wall of the glass vials used in the IMS
technique (69, 70), thus precluding the microscopic
detection of the parasites (43). In contrast, IMS performed
on digestive glands or whole-tissue homogenates gives the
best recovery rates (17 to 69%), depending on the parasite
inoculum and the mollusk species (56, 70). In particular,
IMS gives better results on the homogenates of oysters
rather than of mollusk species that contain more mucus,
such as scallops (63). Overall, IMS improves parasite
detection in mollusk tissues by 1 to 2 log compared with
other separation methods (63). Moreover, the technique
allows the removal of more compounds known to inhibit
downstream molecular techniques than do flotation methods
(70). Further optimizations are required for improving IMS
recovery rates, in particular from certain mollusk species
containing more mucus, such as scallops.
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tissues due to difficulties in extracting DNA (69).
Depending on the quality and amount of the target DNA,
new real-time PCR and reverse transcription (RT) PCR
techniques combined with sequencing should ascertain the
load and viability of the different species and/or genotypes
of Giardia, Cryptosporidium, and Toxoplasma parasites in
marine mollusks.

the oocyst phagocytosis by the hemocytes (29). Depuration
of Toxoplasma oocysts in Mytilus galloprovincialis mussels
and Crassostrea virginica oysters is achieved in 24 h with a
load between 105 and 107oocysts (1, 60). Then, the parasites
seem to concentrate inside the digestive glands, where they
may remain infective for mice up to 6 days more. To our
knowledge, the use of bioassay for viability assessment of
Giardia intestinalis cysts from contaminated mollusks is not
reported in the literature. While bioassay is the gold
standard to evaluate the infectivity of these parasites, it
may lack sensitivity and not be appropriate for investigating
the infectivity of some particular Cryptosporidium species
and genotypes (25).
RT-PCR techniques have emerged as alternatives to the
use of vital dyes and bioassays for evaluating the viability
and potential infectivity of protozoan cysts and oocysts from
water samples (2, 50) or following various inactivation
treatments (48, 91). These RT-PCR techniques are not yet
available to detect viable protozoan parasites in mollusk
tissues, except for Giardia (32). RNA extraction is still
probably the most critical step of the RT-PCR technique
(82), and the presence of PCR inhibitors in the samples also
precludes any amplification of the complementary DNA. In
the near future, improvement of extraction and purification
of the nucleic acids and protocol standardization should help
develop RT-PCR techniques specifically designed for the
mollusk matrix.
CONCLUSIONS
Giardia, Cryptosporidium, and Toxoplasma parasites
are important pathogens that are increasingly found in the
most consumed marine mollusk species worldwide. These
parasites are able to survive for days in live mollusks and
are not inactivated following cooking with steam (39) or
other processes (7, 10, 43, 85). People consuming raw or
undercooked marine mollusks are therefore at a risk of
infection by these parasitic pathogens.
Characterizing Giardia, Cryptosporidium, and Toxoplasma parasites in naturally contaminated mollusk tissues
is a difficult task because their concentration per mollusk is
often low (,100 parasites) and because tools and methods
that specifically target these parasites are lacking. Strategies
of mollusk collection must take into account the specifics of
the geography and climate of the collection site, and
analyses must focus on the mollusk organs in which
parasites appear to preferentially concentrate: hemolymph,
gills, and digestive tract. Parasite identification by IFA
remains a popular method in most of the accredited
laboratories; however, this technique tends to overestimate
parasite concentration. On the other hand, molecular
techniques are more specific and sensitive but are highly
dependent on the quality of the target DNA and RNA and
on the presence of PCR inhibitors. In sum, microscopy and
PCR techniques do not allow any assessment of the
potential infectivity of the detected parasites, compared
with bioassays. Emerging RT-PCR techniques could be
reliable alternatives to animal models; however, in the
absence of protocol standardization, RT-PCR success
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Viability and infectivity assessment. The risk for
humans to become infected by eating contaminated
mollusks depends on whether or not mollusks harbor viable
and potentially infective parasites.
The viability of the detected cysts or oocysts may be
determined microscopically by combining IFA and the
fluorescent dyes 49,69-diamidino-2-phenylindol (DAPI) and
propidium iodide (PI). DAPI stains the DNA of cysts and
oocysts, whereas PI binds only to DNA and RNA of dying
parasites. DAPI2 PI2 and DAPIz PIz parasites are
considered as dead and DAPIz PI2 as viable. The DAPI
PI viability assay must be performed in suspension because
drying the parasite suspension on slides (as done for
detection by indirect fluorescent antibody test) actually kills
the parasites (4). By this procedure, Gómez-Couso et al.
(36) have determined the survival rates of Cryptosporidium
parasites in experimentally contaminated mollusks. Parasite
viability was 98% on day 0, 60% on day 1, and 18% on day
4 postinfection (106 oocysts per specimen). Parasites do not
survive in dead mollusks because tissue putrefaction
probably leads to an acidic degradation of the cyst or
oocyst wall (36). Procedures combining IFA and DAPI PI
staining have been standardized for an accurate identification of Giardia and Cryptosporidium parasites; but their use
is not evident in the Toxoplasma oocyst since its bilayered
oocyst and sporocyst walls appear to exclude any
fluorogenic dye such as DAPI (14). In combination with
IFA, fluorescent in situ hybridation (FISH) using cyanine
probes provides an alternative tool to identify the nuclear
material of potentially viable parasites (43). However, FISH
may overestimate viability because prolonged rRNA
stability has been demonstrated in Cryptosporidium oocysts
killed by heat inactivation (27) or gamma irradiation (65).
Additionally, it has been demonstrated that FISH fluorescence of heat-killed oocysts stored in PBS at room
temperature was still detectable after 6 days (78, 83).
Laboratory mice may be infected by the oocysts of
Cryptosporidium and Toxoplasma per os or alternatively by
the parenteral route (20, 23–25, 30, 73). The Mongolian
gerbil is the animal model for assessing infectivity of
Giardia intestinalis cysts (3). Infection is verified several
days to weeks after parasite inoculation by examining
Cryptosporidium or Giardia parasites in intestinal biopsies
or in feces of infected animals (3, 34), or by serology to
verify Toxoplasma infections (1, 20). Rodent bioassay has
been used to survey the parasite die off in mollusks
experimentally contaminated by Cryptosporidium or Toxoplasma parasites. Viability of Cryptosporidium oocysts
decreases to 70% in the first 4 days postinfection
(inoculated with 106 oocysts per liter), probably due to the
lytic enzymatic action of the mollusk hepatopancreas or to
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largely depends on the quantity and quality of the RNA
extracted from mollusk tissues.
In conclusion, method standardization should lead to a
better assessment of the risk that mollusks pose as a source
of these major environmental parasitic pathogens, and it
should contribute to the formulation of safety regulations,
similar to those existing for bacterial and viral pathogens
encountered in the same mollusk species (5).
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